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Many microorganisms are able to form surface‑attached 
microbial communities known as biofilms. In fact, bio‑

films are communities of microorganisms attached to a surface 
and embedded in a matrix of polysaccharides and proteins, 
forming a slimy layer.[1] The matrix typically takes 85% of 
the volume of a biofilm.[1] Oral bacteria have the capacity to 
form biofilms on distinct surfaces ranging from hard to soft 
tissues. The characteristics of the biofilms depend upon the 
residing bacterial species, composition and structure of the 
surface or substratum, and the conditioning layer coating the 
surfaces on which they are formed. Water constitutes 80% of 
the oral biofilms, while the organic and inorganic fractions 
form approximately 20% of the biofilm structure.[2]

Definition of biofilm

Biofilm can be defined as a sessile multicellular mi‑
crobial community characterized by cells that are firmly 
attached to a surface and enmeshed in a self‑produced 
matrix of extracellular polymeric substance (EPS, usually 
a polysaccharide).[3]

Adaptation mechanisms

Microorganisms endure a wide range of physiological 
and morphological modifications in response to environmen‑
tal changes. In biofilms, different gradients of chemicals, nu‑
trients, and oxygen establish micro‑environments to which 
the microorganisms must adjust to survive. The perception 
and processing of chemical information from the environ‑
ment form a central part of the regulatory control of these 
adaptive responses. To adapt to a biofilm lifestyle, a large 
set of genes must be regulated and the microorganisms are 
thus able to optimize phenotypic properties for the particular 
environment. Consequently, biofilm microorganisms differ 
phenotypically from their planktonic counterparts.[4] Forma‑
tion of biofilm is a step‑wise process including deposition of 
a conditioning film, adhesion and colonization of planktonic 
microorganisms in a polymeric matrix, co‑adhesion of other 
organisms, and detachment of biofilm microorganisms into 
their surroundings.[5] Evidence is emerging that expression of 
genes required during the various stages is well‑regulated.[6‑8]
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Quorum sensing and biofilm formation

Although adaptation to environmental stress by genetic 
transformation occurs rarely, such a rare event can be highly 
significant if the transforming DNA provides a selective 
advantage to the recipient cells.[9] In addition to providing 
the community with an abundant extracellular gene pool, the 
biofilm environment facilitates the bacteria with a localized 
neighborhood where cell–cell signaling mechanisms likely 
abound. It has been shown that the formation of biofilms 
involves multiple, convergent signaling pathways and a 
genetic program for the transition from planktonic growth 
state to the biofilm mode of growth.[10] In Gram‑negative 
bacteria such as Pseudomonas aeruginosa, cell–cell sig‑
naling through quorum sensing has been found to play an 
important role in biofilm differentiation, and this sensibility 
affects the virulence of this bacterium.[11,12] The influence of 
quorum‑sensing systems on the structure of Gram‑positive 
biofilms was first determined by a study on Streptococcus 
gordonii.[13]

Role of extracellular dna (eDNA) in biofilm 
formation

A significant fraction of the biofilm matrix can be 
only DNA. For example, Steinberger and Holden reported 
that extracellular DNA can be up to 50% more abundant 
than cellular DNA in unsaturated biofilms of Ps. aerugi-
nosa.[14] For the first time, Whitchurch et al.[15] demon‑
strated eDNA as a matrix component of Ps. aeruginosa 
biofilms.[15] It was also reported that eDNA originates from 
the intracellular DNA under conditions in which lysis is 
not observed.[16] In case of Staphylococcus epidermidis 
and Enterococcus faecalis,[17,18] eDNA results from the 
autolysin‑mediated killing of a small subpopulation of 
cells, to provide DNA as a component of biofilm matrix. 
eDNA can be released via autolysis and can be a major 
contributor to vancomycin‑enhanced biofilm formation 
in Staphylococcus aureus.[19]

Any eDNA seen during the log phase of growth 
should mostly be due to active secretion mechanisms and 
not due to cell death. High concentration of eDNA at later 
stages of growth (post‑48 h) can be attributed to cell lysis 
leading to passive release of DNA into the extracellular 
medium.[15,17,18]

Biofilm in endodontic infections

The most famous biofilm structure studied in the field 
of dentistry is dental plaque.[5] As other biofilm structures, 
planktonic bacteria in the saliva serve as the main source of 
organisms for plaque formation.[20] In endodontics, biofilms 
can be divided into intracanal, external root (cementum), 
and periapical biofilms.[2]

Intracanal biofilms

For the first time, Nair discussed biofilm concept in 
endodontics.[21] Using transmission electron microsco‑
py (TEM), he examined the root canal content of teeth with 
gross coronal caries and to which the periapical inflamma‑
tory tissue was attached upon extraction. In addition to his 
observations of the microstructure of the inflammatory tis‑
sues, he noted that the major bulk of the organisms existed as 
loose collections of cocci, rods, filaments, and spirochetes. 
While most of these organisms appeared suspended, in a 
moist canal space, dense aggregates were also observed 
sticking to the canal walls and forming thin to thick layers 
of bacterial condensations. Amorphous material filled the 
inter‑bacterial spaces and was interpreted as an extracellular 
matrix of bacterial origin. When present, the bacterial con‑
densations showed a palisade structure similar to the one for 
dental plaque on external tooth surfaces, suggesting similar 
mechanisms for bacterial attachment as those for dental 
plaque.[21] Sen et al.[22] investigated the root canal walls of 
infected teeth by scanning electron microscopy (SEM) and 
found that the bacteria formed dense colonies on the canal 
walls as well as in intra‑ and inter‑tubular dentin. In addi‑
tion to bacteria, fungi were capable of forming dense, but 
separate colonies all over the root canal walls.

George et al.[23] evaluated the ability of E. faecalis to 
develop biofilm under aerobic, anaerobic, nutrient‑rich, 
and nutrient‑deprived conditions. According to their find‑
ings, when E. faecalis cells were grown under aerobic 
nutrient‑rich condition, they produced irregularly shaped 
amorphous macro‑structures of 500‑1000 µm in dimension. 
Under closer examination, these structures were found to be 
aggregates of bacterial cells. When examined by SEM and 
confocal laser scanning microscope (CLSM), E. faecalis 
specimens kept under nutrient‑rich, anaerobic conditions 
showed mature biofilm with apparent water channels on the 
root canal wall. Bacterial cells suspended within the biofilm 
structure were evident from the laser confocal scanning 
microscopy (LCSM) observations. The examination of bio‑
films formed under nutrient‑deprived, aerobic environment 
showed obvious signs of surface degradation of dentin. The 
degradation of dentin could be a result of the interactions 
between substrate surface, abiotic degradation products, 
bacterial cells, and their metabolic products in the nutri‑
ent‑deprived condition. There were no clumps of aggregated 
intact bacterial cells on the surface of these structures in 
contrast to those under nutrient‑rich conditions, as revealed 
by SEM and CLSM examinations. However, the possibility 
of calcified bacterial cells deposited on these structures could 
not be eliminated. Distel et al.[24] found that pure cultures 
of E. faecalis inoculated to calcium hydroxide‑medicated 
or non‑medicated root canals were able to form a biofilm 
structure on the canal walls. Nair et al.[25] found that even 
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after instrumentation, irrigation, and obturation in a one‑visit 
treatment, microorganisms existed as biofilms in untouched 
locations in the main canal, isthmuses, and accessory canals 
in 14 of the 16 endodontically treated teeth.

Kishen et al.[26] investigated the interaction between 
E. faecalis and root canal dentin substrate. Toward this 
end, tooth specimens were prepared and divided into two 
groups. The tooth specimens in group 1 were incubated with 
E. faecalis for periods of 2‑, 4‑, and 6‑week intervals, and 
the chemical composition of the biofilm was determined us‑
ing X‑ray diffraction and Fourier transform infrared (FTIR) 
spectroscopy. The tooth specimens in group 2 were in‑
cubated with E. faecalis for a period of 6 weeks, and the 
topography and ultrastructure of the biofilm were examined 
using SEM, light microscopy, and CLSM. The sediments 
from the bacterial interaction on dentin (in group 1) were 
also examined by SEM and FTIR. Findings demonstrated 
different stages in the interaction of E. faecalis with root 
canal dentin. Further, re‑precipitation of a bacterial‑induced 
apatite on mature biofilm was also observed. This ability 
of E. faecalis to form such calcified biofilm on root canal 
dentin may be a factor that contributes to its persistence.

External root surface (cementum) biofilms

These types of biofilms were reported in teeth with 
asymptomatic apical periodontitis, as well as in teeth with 
chronic apical abscesses associated with sinus tract.[2] Tron‑
stad et al.[27] evaluated the surfaces of the root tips removed 
during surgical intervention by SEM and reported that the 
apex of the roots adjacent to the apical foramen was coated 
with a continuous, smooth, structure‑less layer containing 
a variety of bacterial forms. Furthermore, in irregularities 
of the surfaces, bacteria were seen held together by an ex‑
tracellular material. The organisms were identified as cocci 
and rods with the presence of some fibrillar forms. Ricucci 
et al.[28] demonstrated the presence of calculus‑like deposits 
on the root tip of teeth with secondary (post‑treatment) api‑
cal periodontitis. Harn et al.[29] observed calcified biofilms 
on the apical root surface of teeth with lesions refractory to 
conventional root canal treatment.

Siqueira and Lopes assessed extracted teeth with ex‑
tensive caries and asymptomatic periradicular lesions using 
SEM.[30] It was observed that cocci and rods were restricted 
to the root canal and in only one tooth; bacteria were seen be‑
yond the apical foramen. Most bacteria appeared suspended 
in the fluid phase of the root canal. It was remarked that the 
presence of bacteria at or outside the apical foramen might 
not necessarily be a true condition, but rather a function 
of extrusion of bacterial colonies during tooth extraction. 
Based on their findings, extraradicular infection in terms of 
root tip aggregations may not be a common occurrence in 
untreated teeth with infected pulps.

Lomcali et al.[31] examined the apical root surfaces of 
teeth with chronic apical periodontitis by SEM. Findings 
showed that lacunar resorption zones were frequently ob‑
served on the root surfaces. Furthermore, bacteria and yeast 
cells were detected in some of the lacunae. In addition, peri‑
apical bacterial plaque with a smooth structure was present 
mostly around the main apical foramen. This multilayered 
plaque had microorganisms embedded in an extracellular 
matrix and coated with a smooth structure. This coating was 
considered to be a combination of bacterial by‑products and 
local inflammatory components. These findings suggest that 
host defense mechanisms may be unable to hold back the 
microorganisms in the root canal space, and such structures 
with embedded microorganisms outside the apical foramen 
might not be eliminated by conventional endodontic proce‑
dures and systemic antibiotic usage.

Using SEM, Leonardo et al.[32] evaluated the root tips 
of extracted teeth with various pulpal conditions including 
vital or necrotic pulps with or without apical lesions. They 
found that biofilm formation was present only on teeth 
with apical periodontitis. These biofilms were composed 
of different bacterial morphotypes, viz. cocci, bacilli, and 
filaments. In another study, they found that the presence 
of chronic periapical lesions caused severe changes in the 
apical structure with a destruction of fibers and different 
degrees of cementum resorption forming lacunae in which 
bacterial biofilm persisted.[33] Similar findings were also ob‑
tained in the apical regions of primary teeth.[34] Noiri et al.[35] 
analyzed the presence of biofilm formation on the root tips 
of extracted teeth with “refractory periapical pathosis” and 
gutta‑percha points removed during endodontic treatment 
by SEM. Gutta‑percha points sticking out through the apex 
were almost completely covered with glycocalyx‑like struc‑
tures. Bacteria, mostly filaments or long rods, were seen on 
the external root surfaces in the extracted teeth.

Periapical biofilms

These types of biofilms are isolated biofilms found in 
the periapical region of endodontically involved teeth. They 
may or may not be dependent on the root canal infection.[2] 
The microbiota in the majority of teeth associated with apical 
periodontitis is restricted to the root canal, as most of the 
microbial species that infect the root canal are opportunistic 
pathogens that do not have the ability to survive the host 
defense in the periapical tissues. Rarely, microbial species 
or even strains within a species may possess strategies to 
survive, and thus infect periapical tissues.[2] Members of 
the genus Actinomyces, and the species Propionobacterium 
propionicum have been demonstrated in asymptomatic 
periapical lesions refractory to endodontic treatment.[36] 
This condition consists of establishment of microorganisms 
in the periapical tissues, either by their adherence to the 
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apical root surface in the form of biofilm‑like structures or 
within the body of the inflammatory lesion,[27] usually as 
cohesive colonies.[37]

Although the exact mechanism by which Actinomyces 
species exert their pathogenicity has not been totally clari‑
fied, there is some evidence that can help explain infec‑
tions caused by these microorganisms. Most Actinomyces 
species are of low virulence and their mere invasion into 
tissues does not usually suffice to establish an infection. 
However, necrotic pulps do not offer resistance to invasion 
by microorganisms, except for selective pressures exerted 
by the environmental conditions, which are arguably ad‑
equate for most Actinomyces species. Some Actinomyces 
species have fimbrial structures that may play a role in 
bacterial coaggregation within the root canal and can be 
important for bacterial survival in the ecosystem. In addi‑
tion, fimbriae would enable Actinomyces cells to adhere 
to the root canal wall and to dentinal debris forced out 
through the apical foramen during treatment, and to cling 
to other bacteria or host cells as they advance into the 
periapical tissues.[38]

Actinomyces species usually have a hydrophobic cell 
surface character, which facilitates uptake by leukocytes. 
Figdor and Davies have investigated the ultrastructure of 
Actinomyces israelii by electron microscopy and reported 
that strains can have hair‑like fimbriae protruding through a 
thick surface coat.[39] Thin sectioning reveals a Gram‑positive 
cell wall surrounded by a fuzzy outer coat. They suggest that 
both the fimbriae‑like structures and the matrix of the outer 
coat surrounding the bacteria can help the cells to aggre‑
gate into cohesive colonies of tangled filaments. Moreover, 
strains associated with post‑treatment disease have been 
demonstrated to grow as intertwining filaments, forming 
granulae within host tissues.[38,36,40] It is believed that the 
ability to form branching, filamentous microcolonies may be 
critical for the establishment of these bacteria in the tissue. 
The size of bacterial aggregates is important for phagocy‑
tosis to occur. The presence of a hyaloid or hyaline layer 
in actinomycotic colonies may provide protection against 
host defenses, and it may also serve to embed the filamen‑
tous and branching microorganisms in a cohesive mass.[38] 
Thus, the bacteria appear to be able to evade collectively 
host defenses by building in host tissues, cohesive colonies 
consisting of large numbers of branching and filamentous 
bacteria enmeshed in a matrix of protein–polysaccharide 
complex.[38] Actinomycotic colonies may live in equilib‑
rium with the host tissues without necessarily inducing an 
acute response, but rather maintaining a chronic periapical 
inflammation. Very high numbers of Actinomyces cells are 
usually needed to form persistent infections.[41] The low 
pathogenicity of these microorganisms and the consequent 
minimal host response may be the reasons for the perpetu‑
ation of the chronic periapical lesion.

Factors influencing biofilm formation

From an ecological perspective, the root canal can be 
considered as a highly controlled environment with a limited 
number of niches.[42] Therefore, for bacteria to endure end‑
odontic treatment and be detected in post‑treatment samples, 
they must resist intracanal disinfection procedures and adapt 
to the drastically changed environment. Several strategies 
may help bacteria to resist treatment. Bacteria can adhere 
to the root canal walls, accumulate, and form biofilms.[3] 
Formation of biofilm is influenced by the physicochemi‑
cal properties of the components involved in the biofilm. 
Firstly, a conditioning layer is needed. Secondly, numerous 
microorganisms in the planktonic phase will be transported 
to the surface of conditioning film. It should be noted that 
it is the properties of the conditioning layer that determine 
those microorganisms, which attach and thereby influence 
the microbial composition of the biofilm.[5] Several factors 
can affect bacterial attachment to a solid substrate. These 
factors include surface energy of the substrate, temperature, 
pH, flow rate of the fluid passing over the surface, length of 
time the bacteria are in contact with the surface, surface hy‑
drophobicity, and nutrient availability.[2] According to Gre‑
nier and Maynard, surface structures of bacteria such as pili, 
flagella,[43] and extracellular polymeric substances (EPS) 
play important roles in microbial adherence. Furthermore, 
a specific bacterial adhesion with a substrate is produced 
via polysaccharide adhesin or ligand formation. Adhesin or 
ligand on the bacterial cell surface will bind to receptors on 
the substrate. The third stage of biofilm formation involves 
multiplication and metabolism of attached microorganisms 
that ultimately will result in a structurally organized mixed 
microbial community.[5] During this stage, the monolayer 
of microbes attracts secondary colonizers forming micro‑
colony, and the collection of microcolonies gives rise to the 
final structure of biofilm.[44,45]

Mechanisms of antimicrobial resistance

There are several mechanisms for biofilms to resist 
antimicrobial agents. The polysaccharide matrix of biofilms 
can retard diffusion of the antibiotics. In addition, extracel‑
lular enzymes such as β‑lactamase may become trapped and 
concentrated in the matrix, thereby inactivating β‑lactam 
antibiotics.[46] Furthermore, quorum sensing (communica‑
tion with one another) can influence the structure of the 
biofilm by encouraging the growth of species beneficial to 
the biofilm.[5,47] It has been shown that subpopulations of 
bacteria in a biofilm form a phenotypic state (altered gene 
expression) where they are highly protected.[1]

Bacterial cells protect themselves by being located 
within the interior part of a biofilm; hence, medicaments 
will only act on the microorganisms in the peripheral portion 



63Zahed Mohammadi, et al. 
Biofilms in endodontics

Biomed J   Vol. 36   No. 2
March - April 2013

of the biofilm. Additionally, bacterial cells residing within 
a biofilm grow more slowly than planktonic cells, and as a 
result, antimicrobial agents act more slowly.[46]

Depletion of nutrients or accumulation of waste 
products can result in bacteria entering a non‑growing 
state which protects the bacteria from the antibiotics.[48] 
Pajkos et al.[49] revealed that biofilm bacteria exist in a low 
metabolic state, with a slower growth rate and production of 
exopolysaccharides. Chemical changes to the environment in 
the biofilm are lack of oxygen inhibits some antibiotics and 
accumulated acidic waste leads to a difference in pH which 
has an antagonizing effect on the antibiotic.[50]

Models developed to study biofilms

There are a number of techniques to create microbial 
biofilms in vitro. One technique is the flow cell system. This 
system consists of a nutrient reservoir, a single channel flow 
cell, a peristaltic valve, and a waste vessel. The flow cell is 
a Delrin polyacetal resin channel with a rectangular glass 
cover slip sealed with a rubber gasket and a Delrin polyac‑
etal resin flange. The flow channel contains eight circular 
recesses. Each cell contains an inoculated coupon. The flow 
cells are filled with sterile Todd Hewitt broth (THB) media 
from the reservoir by reducing the atmospheric pressure on 
the waste side of the flow cell by activating the peristaltic 
pump. Once the flow cell is filled with the media, the pump 
is shut off and the overnight inoculum is introduced into the 
bioreactor cell through a syringe injection port upstream 
of the coupons. The culture volume used covers all of the 
coupons and is maintained in the flow cell for 30 min to 
allow for bacterial attachment to the coupons. Laminar 
flow is resumed in an approximate flow rate of 20 ml/h to 
flush the inoculum from the flow cell and to allow biofilm 
formation on the coupons. Biofilms are grown at 37ºC 
for 24 h. Growth on each coupon is approximately 108 
colony‑forming units.[46]

Another method is creation of biofilms on cellulose 
nitrate membranes (0.2 µm pore size, 13 mm diameter). In 
this technique, the membranes are placed on the surface of 
5% defibrinated sheep blood brain heart infusion (BHI) broth 
agar plates (for aerobic and facultatively anaerobic micro‑
organisms) and on 5% defibrinated sheep blood‑fastidious 
anaerobe agar (FAA) plates (for strict anaerobes), and are 
further inoculated with 20 µl of each test microorganism 
suspension. The plates, each containing membrane filters, 
are incubated at 37°C again under the appropriate gaseous 
conditions: Aerobes and facultative anaerobes in a CO

2
 

incubator and anaerobes in an anaerobic chamber in an 
atmosphere of 10% H

2
, 10% CO

2
, and 80% N

2
.[51]

Another technique was proposed by Clegg et al.[52] In 
this technique, after preparing dentin sections, removing the 
smear layer, and sterilizing dentin sections, these sections 

are allowed to soak for 24 h in an individual container of 
patient’s filter‑sterilized saliva to develop a pellicle layer. 
Afterward, each specimen is placed in separate wells of tis‑
sue culture plates to which 2.5 ml trypticase soy broth (TSB) 
is added. Bacteria from the patient samples are suspended 
in Amies solution using ultrasonic and vortex vibration for 
15 sec. Then, specimens are incubated under anaerobic 
conditions for 7 days to allow biofilm formation. All root 
sections are transferred to new culture wells and fresh TSB 
solution is added every 48 h.[52]

Recently, Estrela et al.[53] developed a new E. faecalis 
biofilm system. The bacterial strain is inoculated in 7 ml 
of BHI broth (Difco Laboratories, Detroit, MI, USA) and 
incubated at 37°C for 24 h. The experimental suspensions 
are prepared by cultivating the biological marker on the 
surface of BHI agar, following the same incubation condi‑
tions. The bacterial cells are resuspended in saline to reach 
a final concentration of about 3 × 108 cells/ml, adjusted to 
No. 1 McFarland turbidity standard. In the experimental 
model, a split platform is used during the period of inocu‑
lation with the biological indicator. The coronal portion of 
the root canal of each tooth is connected to the cut end of a 
1.5 ml polypropylene Eppendorf tube using a cyanoacrylate 
adhesive and epoxy resin. The tooth–tube connections are 
entirely coated with two layers of nail polish. The speci‑
mens (teeth plus polypropylene tubes) are sterilized in 5% 
sodium hypochlorite (NaOCl) for 30 min and rinsed with 
sterile water for 30 min. The specimens are placed into BHI 
broth and the test apparatus is incubated at 37°C for 24 h to 
ensure sterilization. No bacterial growth is observed after 
this period. Five milliliters of sterile BHI broth is mixed 
with 5 ml of the bacterial inoculum containing E. faecalis 
and inoculated using sterilized syringes of sufficient volume 
to fill the root canal during a 60‑day period. This procedure 
is repeated every 72 h, always using 24‑h pure culture pre‑
pared and adjusted to No. 1 McFarland turbidity standard. 
The teeth are maintained in a humid environment at 37°C. 
At 60 days, each tooth is removed from its apparatus under 
aseptic conditions and irrigation is done with 5 ml of sterile 
distilled water with a sterile syringe. The root canals are 
dried and refilled with sterile distilled water. Thereafter, 
sterile paper points (size 45) are introduced into the root 
canals and maintained for 3 min for sample collection. Each 
sample is collected using three paper points, which are indi‑
vidually transported and immersed in 7 ml of Letheen Broth, 
followed by incubation at 37°C for 48 h in a reduced oxygen 
atmosphere. Microbial growth is analyzed by turbidity of 
the culture medium. Thus, after assessing Letheen Broth 
changes, inoculums of 0.1 ml obtained from the medium are 
transferred to 7 ml of BHI, and subsequently incubated at 
37°C for 48 h. Microbial growth is also checked by turbid‑
ity of the culture medium. Gram staining of BHI cultures 
is used for verification of contamination by E. faecalis.[53]
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Observation techniques of endodontic biofilms

One of the first techniques to observe endodontic 
pathogens was compound light microscopy in combination 
with histological staining and/or sectioning. Although not 
powerful enough to resolve many structures within the cell, 
this type of microscope can be used for first stage identifica‑
tion of bacteria by verifying cellular morphology (e.g. rod‑, 
coccal‑, or spiral‑shaped) and the reaction of an organism 
with the Gram stain (Brown/Brenn staining technique).[40]

Our understanding of biofilms has developed as the 
methods for biofilm examination and characterization 
have evolved. Electron microscopy has been used for the 
examination and characterization of biofilms on medical 
devices and in human infections.[54‑57] Microscopes employ‑
ing electron beams have 400 times the resolving power of 
an optical microscope. Much of the early investigative work 
on biofilms relied heavily on the conventional scanning 
electron microscope (CSEM). In this technique, samples 
must be fixed, dehydrated, and dried or frozen prior to ob‑
servation. (Before dehydration and drying procedures, dif‑
ferent fixation procedures with different solutions are used 
to minimize the effect of dehydration.) Therefore, graded 
solvents (alcohol, acetone, and xylene) are used to gradually 
dehydrate the specimen prior to examination, since water 
of hydration is not compatible with the vacuum used with 
the electron beam. Solvent replacement of water removes 
extracellular polymeric material and this dehydration pro‑
cess results in significant sample distortion and artifacts.[58] 
Thus, the extracellular polymeric substances, which are 
approximately 95% water,[59] appear more as fibers than 
as a thick gelatinous matrix surrounding the cells. Finally, 
sample preparation implies that specimens may not pre‑
serve their native state. As a result, therapeutic endodontic 
strategies cannot be observed or tested in situ. To overcome 
these shortcomings, another version of SEM, environmental 
SEM (ESEM) has been introduced. The major advantage 
of ESEM is that hydrated tissues such as biological tissues 
and root canal bacteria can be imaged in their “native” 
state.[60] However, images of hydrated samples may not be 
distinct and clear in ESEM because these samples cannot be 
resolved well. Some additional procedures may be required 
to overcome these problems.[61]

Another electron microscopic technique is transmission 
electron microscopy (TEM). In TEM, like CSEM, in order to 
prevent development of artifacts, samples must be prepared 
prior to observation. Common preparation procedures of 
specimens for TEM involve relatively complex and long 
laboratory processing.[60] Fixed and dehydrated specimens 
are generally embedded in an epoxy resin and stained with 
heavy metals (e.g., potassium permanganate or osmium 
tetroxide) to improve image contrast before ultra‑thin 
sectioning using an ultramicrotome with glass or diamond 

knives.[25] For endodontic microbial research, these sections 
have also been stained with tannic acid and ruthenium red 
staining prior to examination in the microscope.[62,63] Other 
preparation techniques that can be used are cryosectioning 
and freeze fracturing (followed by freeze etching and the 
production of a replica).[62,64]

The use of TEM and specific polysaccharide stains 
like ruthenium red allowed researchers both to identify the 
nature of the extracellular fibers in biofilms and to better 
elucidate their association with the cells. Because of its ex‑
cellent resolution properties, the electron microscope will, 
in spite of its limitations, continue to be an important tool 
for the biofilm scientist.

Another technique called confocal laser scanning 
microscope (CLSM) has provided the ability to examine 
biofilms in situ without the limitations encountered with 
the SEM, albeit at lower magnifications.[64] CLSM is now 
being used to determine the true architecture of plaque and 
the location of selected bacteria within the biofilm.[65] The 
trade‑off in resolution is more than offset by the ability to 
examine the biofilm matrix unaltered and intact.[64] The use 
of CLSM requires that the organisms in the biofilms be 
stained with fluorescent stains. These stains are designed to 
emit light at specific wavelengths and can be used to probe 
specific cellular functions. Using a suite of such stains allows 
the biofilm researcher to quantify all the cells and determine 
which ones are viable.[64]

Atomic force microscopy (AFM) is another technique 
that does not require special specimen processing. This 
contact type of scanning probe microscopy has been used 
to obtain micrographs of dried bacteria in ambient air and 
living ones in their culture medium at resolutions similar 
to that of SEM.[60] Using AFM, a specimen placed on an 
XYZ piezoelectric translator is scanned below a stylus 
mounted on a cantilever spring, and surface features cause 
the stylus to deflect the cantilever during scanning. This 
bending movement is measured by observing the angular 
deflection of a laser beam reflected at the back end of the 
cantilever. By feedback, the Z motion of the XYZ transla‑
tor is controlled, and the contact force between the tip and 
the specimen surface is kept almost constant. In the end, a 
true 3D image of the sample surface is reconstructed from 
the collected data.

Fluorescent antisera and fluorescent in situ hybrid‑
ization (FISH) probes may enable us to identify specific 
organisms within a mixed biofilm community. Green fluo‑
rescent protein, a constitutively produced, plasmid‑mediated 
molecule, can allow biofilms to be examined noninvasively, 
without fixation or staining.[66]

Another technique relies on removal of the biofilms or 
biofilm‑associated organisms from the substratum by some 
type of mechanical force, such as vortexing or sonication, 
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prior to examination and measurement. The most commonly 
used procedure for measurement of biofilms is the viable 
plate count procedure, in which the resuspended and dis‑
persed biofilm cells are plated onto a solid microbiological 
medium, incubated, and counted.[64]

Other methods have been used by biofilm research‑
ers for measuring biofilms, including total protein,[67] 
absorbance at either 550 nm or 950 nm,[68,69] tryptophan 
fluorescence,[70] endotoxin,[71] and total adenosine triphos‑
phate (ATP).

Effects of endodontic irrigants and medicaments 
on biofilms

Antimicrobial agents have often been developed 
and optimized for their activity against fast‑growing, dis‑
persed populations containing a single microorganism.[5,72] 
However, microbial communities grown in biofilms are 
remarkably difficult to eradicate with antimicrobial agents, 
and microorganisms in mature biofilms can be notoriously 
resistant for reasons that have yet to be adequately explained. 
There are reports showing that microorganisms grown in 
biofilms could be 1000‑1500 times more resistant to anti‑
microbials than planktonically grown bacteria.[44,24]

Spratt et al. [73] evaluated the effectiveness of 
NaOCl (2.25%), 0.2% chlorhexidine gluconate (CHX), 
10% povidone iodine, 5 ppm colloidal silver, and phos‑
phate‑buffered saline (PBS) solution (as control) against 
monoculture biofilms of five root canal isolates includ‑
ing Prevotella intermedia, Peptostreptococcus micros, 
Streptococcus intermedius, Fusobacterium nucleatum, and 
E. faecalis. Results showed that NaOCl was the most effec‑
tive antimicrobial, followed by the iodine solution. Clegg 
et al.[52] evaluated the effectiveness of three concentrations of 
NaOCl (6%, 3%, and 1%), 2% CHX, and BioPure MTAD on 
apical dentin biofilms in vitro. Their findings indicated that 
6% NaOCl was the only irrigant capable of both rendering 
the bacteria nonviable and physically removing the biofilm.

Ozok et al.[74] compared growth and susceptibility to 
different concentrations of NaOCl of mono‑ and dual‑spe‑
cies biofilms of F. nucleatum or Pe. micros in vitro at 24 h 
or 96 h. Results revealed that although at 24 h, dual‑species 
biofilms had similar viable counts to those of monospecies 
biofilms, they were more resistant to NaOCl. At 96 h, both 
microorganisms had higher viable counts and were more 
resistant to NaOCl in dual‑species biofilms than in mono‑
species biofilms of the same microorganism. As the age of 
the biofilms increased, so did their resistance to NaOCl. 
Mixed‑species biofilms of F. nucleatum and Pe. micros 
showed a time‑dependent synergy in growth and resistance 
to NaOCl. Dunavant et al.[46] evaluated the efficacy of 6% 
NaOCl, 1% NaOCl, Smear Clear, 2% CHX, REDTA, and 
MTAD (a mixture of a tetracycline isomer, an acid and a 

detergent) against E. faecalis biofilms using a novel in vi-
tro testing system. Biofilms grown in a flow cell system 
were submerged in test irrigants for either 1 min or 5 min. 
There was a significant relationship between test agent and 
percentage kill of the biofilm bacteria. No significant rela‑
tionship between time and percentage kill was found. The 
percentage kill of the biofilms bacteria was: 6% NaO‑
Cl (>99.99%), 1% NaOCl (99.78%), Smear Clear (78.06%), 
2% CHX (60.49%), REDTA (26.99%), and MTAD (16.08%). 
There was a significant difference between 1% and 6% 
NaOCl, and all other agents including Smear Clear, 2% 
CHX, REDTA, and MTAD. Therefore, both 1% NaOCl 
and 6% NaOCl were more efficient in eliminating E. fae-
calis biofilm than the other solutions tested. Giardino et al.
[75] evaluated the efficacy of 5.25% NaOCl and MTAD 
against E. faecalis biofilm and found that only 5.25% 
NaOCl can disaggregate and remove the biofilm every time. 
Using SEM and CLSM, Distel et al.[24] found that E. fae-
calis was able to form biofilm in root canals despite intra‑
canal dressing with Ca (OH)

 2
. On the other hand, Chai 

et al.[76] found that Ca (OH)
 2 

was 100% effective in elimi‑
nating E. faecalis biofilm. Brandle et al.[77] investigated the 
effects of different growth conditions on the susceptibility 
of five taxa to alkaline stress. E. faecalis, Streptococcus 
sobrinus, Candida albicans, Actinomyces naeslundii, and 
F. nucleatum were grown as planktonic cells, allowed to 
adhere to dentin for 24 h, and grown as monospecies or 
multispecies biofilms on dentin under anaerobic conditions 
with a serum‑enriched nutrient supply at 37ºC for 5 days. 
In addition, suspended biofilm microorganisms and 
5‑day‑old planktonic multispecies cultures were used. 
Microbial recovery upon direct exposure to saturated cal‑
cium hydroxide solution (pH 12.5) for 10 and 100 min was 
compared with control exposure to physiological saline. 
Findings showed that planktonic microorganisms were most 
susceptible; only E. faecalis and C. albicans survived in 
saturated solution for 10 min, the latter also survived for 
100 min. Dentin adhesion was the major factor in improv‑
ing the resistance of E. faecalis and A. naeslundii to cal‑
cium hydroxide, whereas the multispecies context in a 
biofilm was the major factor in promoting resistance of Str. 
sobrinus to the disinfectant. In contrast, the C. albicans 
response to calcium hydroxide was not influenced by the 
growth condition. Adherence to dentin and interspecies 
interactions in a biofilm appeared to differentially affect 
the sensitivity of microbial species to calcium hydroxide. 
In a root section model, Sen et al. investigated the antifun‑
gal properties of 0.12 CHX[78] and 1% and 5% NaOCl in 
the presence or absence of smear layer. They concluded 
that presence of smear layer and concentrations of NaOCl 
were important factors in determining the antifungal prop‑
erties of the solutions. Williamson et al.[79] evaluated the 
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susceptibility E. faecalis biofilms against four antimicro‑
bial irrigants. Biofilms were subjected to 1‑, 3‑, and 5‑min 
exposures to one of the following irrigants: 6% NaOCl, 2% 
CHX or one of the two new products, <6% NaOCl with 
surface modifiers (Chlor‑XTRA) or 2% CHX with surface 
modifiers (CHX‑Plus™) (Vista Dental Products, Racine, 
WI, USA). Results indicated that 6% NaOCl and Chlor‑EX‑
TRA™ were significantly superior against E. faecalis bio‑
films compared to 2% CHX and CHX‑Plus™ at all time 
points except 5 min. Arias‑Moliz et al.[80] evaluated the 
minimal biofilm eradication concentration (MBEC) of 
NaOCl, chlorhexidine, ethylenediaminetetraacetic 
acid (EDTA), and citric and phosphoric acids after 1, 5, and 
10 min of exposure to biofilms of E. faecalis. The biofilms 
grew in the MBEC high‑throughput device for 24 h at 37°C 
and were exposed to 10 serial twofold dilutions of each 
irrigating solution. The viable cell counts were log

10
 trans‑

formed, and a concentration of an irrigant was considered 
to eradicate the biofilms when it produced a reduction of ≥ 5 
logarithmic units. Findings showed that NaOCl was the 
most effective agent, capable of eradicating the biofilms 
after 1 min at a concentration of 0.00625%. CHX eradi‑
cated biofilm after 5 min at 2%. EDTA and citric and 
phosphoric acid solutions were not effective against the 
biofilms at any concentration or time tested. Bryce et al.[81] 
evaluated the relative disruption and bactericidal effects of 
NaOCl, chlorhexidine, EDTA, and iodine on single‑ and 
dual‑species biofilms of root canal isolates (Streptococcus 
sanguinis, E. faecalis, F. nucleatum, and Porphyromonas 
gingivalis). Findings showed that gram‑negative obligate 
anaerobe species were more susceptible to cell removal 
than gram‑positive facultative anaerobes. The majority of 
cells were disrupted after the first minute of exposure; 
however, the extent varied according to the agent and spe‑
cies. The most effective agent at disrupting biofilms was 
NaOCl. Iodine was generally effective at bacterial killing, 
but not disruption. Chavez de Paz et al.[82] found that 1% 
NaOCl affected the membrane integrity of E. faecalis, 
Lactobacillus paracasei, Streptococcus anginosus, and 
Streptococcus gordonii, and removed most biofilm cells. 
Exposure to EDTA (50 mmol/l) affected the membrane 
integrity in all organisms, but failed to remove more than 
a few cells in the biofilms of E. faecalis, L. paracasei, and 
Str. anginosus. Chlorhexidine (2.5%) had a mild effect on 
the membrane integrity of E. faecalis and removed only 
50% of its biofilm cells. The effects were substratum‑de‑
pendent, and most organisms displayed increased resistance 
to the antimicrobials on collagen‑coated surfaces. Prabha‑
kar et al.[83] found that 5% NaOCl was more effective against 
E. faecalis biofilm formed on tooth structure. Furthermore, 
Triphala, green tea polyphenols (GTP) and MTAD showed 
statistically significant antibacterial activity. Liu et al.[84] 

showed that biofilms of starved E. faecalis cells were more 
resistant to 5.25% NaOCl than those of stationary cells, 
and the impact of 5.25% NaOCl on them decreased as the 
biofilm matured. Ozdemir et al.[85] demonstrated that com‑
bination of EDTA and NaOCl significantly reduced the 
amount of intracanal biofilm in both young and old age 
groups. However, the bacterial counts of E. faecalis in the 
old group were still higher. Soares et al.[86] revealed that the 
irrigation regimen based on the alternating use of NaOCl 
and EDTA seems to be promising for elimination of root 
canal E. faecalis biofilms. Shrestha et al.[87] showed the 
efficacy of the nanoparticulates (chitosan and zinc oxide) 
to reduce biofilm bacteria, disrupt biofilm structure, and 
retain the antibacterial property even after aging. Fer‑
rer‑Lugue et al.[88] evaluated the in vitro capacity of maleic 
acid (MA) as well as the combinations of cetrimide (CTR) 
with MA, citric acid, and EDTA in eradicating E. faecalis 
biofilms. According to their findings, MA eradicated E. fae-
calis biofilms at a concentration of 0.88% after 30 sec and 
at 0.11% after 2 min of contact time. When combined with 
0.2% CTR, it eradicated the biofilms at all three times of 
exposure. The combination of 0.2% CTR with either 15% 
EDTA or 15% citric acid gave 100% bacterial kill after 
1 min of contact with the biofilms. Lundstrom et al.[89] as‑
sessed the bactericidal efficacy of 0.04% stabilized chlorine 
dioxide, 3% NaOCl, 2% CHX, and sterile distilled water 
in a polymicrobial biofilm model. Findings showed that 
bactericidal activity of NaOCl was significantly greater 
than that of stabilized chlorine dioxide (ClO

2
) group for 

Str. sanguinis, Actinomyces Viscosus, and Prevotella ni-
grescens. Results for F. nucleatum and Pe. micros were not 
significant after the adjustment for multiple comparisons. 
Baca et al.[90] evaluated the residual antimicrobial activity 
and the capacity to eradicate E. faecalis biofilm of several 
irrigation solutions (2.5% NaOCl, 2% chlorhexidine, 0.2% 
CTR, 17% EDTA, 7% MA, and regimens of 2.5% NaOCl 
followed by 17% EDTA or 7% MA and 0.2% CTR or 2% 
chlorhexidine). Results showed that a 2% CHX and 0.2% 
CTR solution showed 100% biofilm inhibition and 2.5% 
NaOCl showed the lowest residual activity (18.10%). The 
kill percentage of 2.5% NaOCl and 0.2% CTR was 100%, 
followed by 7% MA and 2% CHX, whereas 17% EDTA 
was the least effective (44%). Solutions of 7% MA or 17% 
EDTA, followed by 0.2% CTR or 2% CHX showed 100% 
residual and antimicrobial activity.

On the whole, it seems that NaOCl is the only endodon‑
tic irrigant that can disrupt and remove microbial biofilm 
from the infected root canals.

Effect of lasers on biofilms

Seal et al.[91] compared the bacterial killing of Str. 
intermedius biofilms in root canals using lethal photosen‑
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sitization with various combinations of photosensitizer 
concentration and laser light dose or 3% NaOCl irrigation. 
Findings showed that the combined use of a photosensi‑
tizing agent and a low‑power laser directed at the access 
cavity was bactericidal to Str. intermedius biofilms in 
root canals, but was unable to achieve total kill, unlike 
3% NaOCl. Araki et al.[92] evaluated the effect of Er: YAG 
laser on the apical root third of newly extracted teeth to 
eliminate microbial contamination on the root apex surface 
and found that it may be considered an effective tool for 
removal of apical biofilm.

In an ex vivo study, Bergmans et al.[93] found that end‑
odontic pathogens that grew as biofilms were difficult to 
eradicate even upon direct laser exposure. Soukos et al.[94] 
investigated the effects of photodynamic therapy (PDT) 
on endodontic pathogens in planktonic phase as well as on 
E. faecalis biofilms in experimentally infected root canals of 
extracted teeth. Strains of microorganisms were sensitized 
with methylene blue (25 µg/ml) for 5 min, followed by ex‑
posure to red light of 665 nm with an energy fluence of 30 J/
cm2. Methylene blue fully eliminated all bacterial species 
with the exception of E. faecalis (53% killing). The same 
concentration of methylene blue in combination with red 
light (222 J/cm2) was able to eliminate 97% of E. faecalis 
biofilm bacteria in root canals using an optical fiber with 
multiple cylindrical diffusers that uniformly distributed 
light at 360°. Noiri et al.[95] examined the effect of Er: YAG 
laser against biofilms made of A. naeslundii, E. faecalis, 
Lactobacillus casei, Propionibacterium acnes, F. nuclea-
tum, Po. gingivalis, or Pr. nigrescens in vitro. Findings 
demonstrated that the Er: YAG laser was effective against 
biofilms of six of the bacterial species examined, with the 
exception of those formed by L. casei. After irradiation, 
the number of viable cells in the biofilms was significantly 
decreased, whereas atrophic changes in bacterial cells and 
reduction in biofilm cell density were seen morphologically. 
They concluded that Er: YAG lasers might be suitable for 
clinical application as a suppressive and removal device of 
biofilms in endodontic treatments.[95]

On the whole, although most studies support the ef‑
ficacy of lasers against endodontic biofilms, further studies 
should be conducted to confirm their efficacy.
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